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1. Abstract

Purpose of review: Cell based muscle tissue engineering carries the potential to revert the
functional loss of muscle tissue caused by disease and trauma. Although muscle tissue can be
bioengineered using various precursor cells, major limitations still remain.
Recent findings: In the last decades several cellular pathways playing a crucial role in muscle
tissue regeneration have been described. These pathways can be influenced by external stimuli
and they not only orchestrate the regenerative process after physiologic wear and muscle trauma,
but they also play an important part in aging and maintaining the stem cell niche, which is
required to maintain long-term muscle function.
Summary: In this review article we will highlight possible new avenues using external physical and
biochemical stimulation in order to optimize muscle bioengineering.

2. Graphical Abstract

3. Introduction
The loss of contractile muscle tissue remains to be a major medical problem, since systemic
muscle disease and localized muscle damage cause significant loss in quality of life of affected
patients. Urinary incontinence caused by damage to the sphincter muscle is one of the major
clinical challenges in urology of the 21th century [1]. The most common form of incontinence is
stress urinary incontinence due to muscle and nerve damage resulting from vaginal delivery,
aging or tumor therapy [2]. With a growing elderly population and an increased number of men
treated for prostate cancer, new therapeutic approaches for continence recovery are needed.
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Current treatment options include pelvic floor muscle training, pharmacological treatments, or
surgical intervention [3]. The long-term efficacy of these options is often not satisfying and they
are associated with a number of possible side effects [4].
The replacement of the damaged sphincter muscle with engineered muscle tissue for functional
recovery is proposed as a new treatment option with little or no side effects. Cells currently
investigated for use in regeneration of the sphincter muscle are committed muscle satellite cells
[5-8] and adult stem cells, including skeletal muscle derived stem cells (MDSCs)[9], bone marrow
mesenchymal [10], and adipose-derived stem cells (ADSCs)[11, 12]. Promising results were
achieved with satellite cells or muscle precursor cells, which have been widely investigated for
muscle regeneration for a variety of genetic and acquired muscle disorders [8, 13-15].
The term “satellite cell” linked with muscle tissue was first used in 1961 by Alexander Mauro,
who observed a group of mononucleated cells at the periphery of adult skeletal muscle
myofibres by electron microscopy [16]. Already in this first report Mauro suggested an
involvement of these cells in muscle growth and regeneration. In the following years scientific
evidence confirmed the mitotic activity [17] and its rapid activation following muscle injury [18].
After tracking the satellite cells during the next steps of muscle regeneration a map of
myogenesis could be drawn; satellite cells showed transformation to myoblasts [18] which in
turn would form myotubes [19]. They not only showed the ability to give rise to myoblasts, they
were also capable of self-renewal through asymmetric and symmetric division [20]. Satellite cells
are postnatal stem cells, exclusively dedicated to the formation of myotubes. Based on this
observation, satellite cells are also referred to as muscle precursor cells (MPCs) more recently.
The process of muscle regeneration through MPCs has been subject to extensive research over
the last years, with the aim to not only understand the physiology, but to also develop strategies
to influence proliferation and differentiation in experimental and clinical settings. We currently
understand that this process is primarily driven by growth factors, which are altered by tissue
injury or exercise [21, 22]. Predisposing factors for the outcome of the subsequent regeneration
are intactness of innervation, extent of vasculature, hormones and nutrition [23]. This dynamic
interplay between MPCs and their environment, often referred to as niche, plays a crucial role in
their utilization in regenerative medicine.
Regenerative medicine aims to learn from natural processes and to apply these established
strategies to comply with all of the demands of MPCs during regeneration and growth, in order
to ultimately engineer a tissue resembling functional muscle. However, a complex interplay of
soluble factors, metabolic optimization and biophysical stimulation will be needed to optimize
muscle fiber regeneration. Depending on the nature of the approach, these factors can be
applied in different chronologies; cells can be treated in vitro before or during implantation.
Regeneration can also be enhanced in vivo after implantation. Unfortunately, the full potential of
these technologies has not been realized today.
The goal of this review is to highlight possible pathways to improved muscle tissue engineering
for clinical application by evaluating the physiologic and pathologic cellular changes in muscle
wasting and regeneration. It can reasonably be assumed, that the ideal protocol will consist of a
combination of different strategies.
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4. Metabolic optimization
4.1. Muscle fiber types
Plasticity of skeletal muscle is facilitated by adaptations of the metabolic and contractile fiber
type [24]. In rodents, slow-twitch, high endurance type I and IIa fibers are clearly distinct from
fast-twitch, high peak force type IIx and IIb muscle fibers [25]. In humans, the fiber types are
restricted to type I, IIa and IIx, and a number of hybrid fiber types [25]. Defined neuronal
activation patterns dominantly regulate the metabolic and myofibrillar properties of muscle
fibers [26]. For example, continuous motor neuron firing, resulting in low-amplitude
intramyocellular calcium levels, promotes a slow-twitch fiber type [26]. Inversely, a sporadic
motor neuron activation linked to high amplitude of sarcoplasmic calcium spikes favors the
expression of a fast-twitch fiber-specific gene program [26]. In both cases, clearly distinct
paradigms of physical activity underlie the differential motor neuron activation. Thus, endurance
and resistance training are associated with a switch towards a higher proportion of slow- and
fast-twitch muscle fibers, respectively. Importantly, the phenotype of the muscle fibers by far
exceeds the obvious difference in the contraction kinetics. On one hand, slow-twitch muscle
fibers mostly use oxidative metabolism of glucose, lipids and lactate to synthesize ATP for long,
sustained contractions [25]. Moreover, a pronounced tissue vascularization, elevated myoglobin
levels and improved import mechanisms for these three energy substrates all contribute to the
high endurance phenotype of these fibers [25]. Finally, a cell-autonomous remodeling of
intramyocellular calcium handling and the neuromuscular junction ensure a persistent switch in
the fiber type [25]. Most strikingly however, slow-twitch muscle fibers exhibit a massive
proliferation of both intramyofibrillar as well as subsarcolemmal mitochondria concomitant with
a corresponding boost in mitochondrial function. The increase in heme-containing proteins, e.g.
many of the respiratory chain proteins, and the pronounced tissue vascularization confer the
typical red color to the oxidative muscle beds with a high number of slow-twitch muscle fibers
[25]. In contrast, muscles with a high proportion of fast-twitch muscle fibers appear more
whitish. These fibers primarily rely on anaerobic glycolysis to generate the ATP required for fasttwitch contractions with a high peak force [25]. Accordingly, this type of contraction cannot be
sustained for a prolonged time and hence, fast-twitch fibers exhibit a higher fatigability
compared to slow-twitch muscle fibers. Moreover, due to the predominant dependence on
anaerobic metabolism of glucose, fast-twitch muscle fibers are low on mitochondria in terms of
number and activity. Importantly however, fast-twitch muscle fibers have a high potential to
undergo hypertrophy: the increase in fiber, and therefore also of the muscle cross-sectional area,
allows the synthesis and deployment of additional contractile elements and as a consequence, an
increase in peak force [25]. Hypertrophy in these fibers is mainly driven by a shift in the balance
between protein synthesis and degradation, favoring the former process [27].
4.2. Molecular regulation of muscle plasticity
Surprisingly, the underlying molecular mechanism that differentiates between the fast- and slowfiber type programs is unknown. In particular, the machinery that interprets the different calcium
transients in fast- vs. slow-twitch muscle fibers remains largely elusive. Nevertheless, several
important key players for the metabolic and myofibrillar adaptations in either direction have
been identified. In slow muscle fibers, the calcium/calmodulin-dependent protein kinase (CaMK)
and the protein phosphatase calcineurin A (CnA) are intimately involved in the calciumdependent signaling cascade resulting in the oxidative, high endurance program [26]. Various
4

sensors of the altered metabolic demands in these muscle fibers furthermore promote the same
phenotype [28]. For example, a shift in the ratio between intracellular AMP and ATP leads to an
activation of the AMP-dependent protein kinase (AMPK). Similarly, the relative levels of NAD+
and NADH determine the activity of the protein deacetylase sirtuin 1 (SIRT1) in a catabolic
context. Inversely, high substrate levels lead to the activation of the mammalian target of
rapamycin (mTOR)- and protein kinase B (PKB/Akt)- controlled signaling pathway, that promotes
protein biosynthesis and other anabolic pathways [27]. In contrast, myostatin-signaling through
activin receptors, in particular type IIB (ActRIIB), limits growth of muscle mass [27]. The
neuroendocrine milieu during and after exercise also result in muscle adaptations, in particular
by catecholamine-signaling via β2-adrenergic receptors, glucocorticoid and thyroid hormone
signaling through the nuclear glucocorticoid receptor and the thyroid hormone receptor [28],
respectively, or the adipokines adiponectin and leptin [29]. The mechanical stress in a contracting
muscle fiber is translated by various signaling effectors, for example the p38 mitogen-activated
protein kinase (p38 MAPK) or increased levels of reactive oxygen species (ROS) [28]. Adaptive
angiogenesis and endothelial remodeling are induced by hypoxic signals as well as nitric oxide
(NO). These and most likely other signaling pathways determine the muscle fiber phenotype and
hence function. It however is unclear how these pathways are coordinated and integrated.
Intriguingly, all of the signaling pathways that are engaged in endurance training at some point
impact on the gene expression or post-translational modification of the peroxisome proliferatoractivated receptor γ coactivator 1α (PGC-1α) [28, 30]. This protein is a transcriptional coactivator
and therefore has the intrinsic ability to engage a multitude of different transcription factors.
Accordingly, once activated, PGC-1α controls many, if not all of the transcriptional programs that
are required for a high endurance phenotype in skeletal muscle. In addition, PGC-1α activity is
modulated by competition with co-repressor proteins such as NCoR1 [31]. Furthermore, PGC-1α
also exerts negative effects on gene regulation, for example by indirectly reducing the activity of
the nuclear factor κB (NFκB) in the control of pro-inflammatory gene expression [32, 33]. As a
consequence of activation, PGC-1α promotes mitochondrial biogenesis and oxidative metabolism
in all tissues with a high energetic demand. More specific for muscle, PGC-1α also regulates
calcium handling, glucose uptake, lactate oxidation, glycogen and intramyocellular lipid
replenishment, neuromuscular plasticity, vascularization and other biological programs. This is
culminating in greatly improved fatigue resistance in muscle fibers with elevated PGC-1α due to a
metabolic and myofibrillar switch towards oxidative type IIa and to a lesser extent, type I muscle
fibers [34]. Inversely, muscle tissue devoid of a functional PGC-1α allele exhibits preferential fast
fiber-specific properties in terms of myofibrillar gene expression and mitochondrial function [35,
36]. In addition, muscle-specific knockout mice for PGC-1α suffer from activity-dependent muscle
fiber damage, local and systemic inflammation, dysregulated glucose homeostasis and other
signs of pathological inactivity [35, 36]. The relative levels and activity of PGC-1α thus constitute
a regulatory nexus for muscle fiber plasticity.
Intriguingly, since elevation of PGC-1α is sufficient to induce an endurance-trained phenotype in
skeletal muscle and thereby improves muscle functionality, increased levels of PGC-1α improve a
number of different muscle pathologies. For example, muscle-specific transgenic expression of
PGC-1α reduced fiber damage and ameliorated muscle performance in animal models for
Duchenne muscular dystrophy [37], denervation-induced fiber atrophy [38], sarcopenia [39], a
mitochondrial myopathy [40] and, in a Zebrafish model, muscle wasting elicited by high doses of
statin drugs [41]. While the exact mechanism for the therapeutic effect of muscle PGC-1α in
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these pathologies with completely different etiologies is unclear, it is conceivable that the PGC1α-dependent trained phenotype could broadly alleviate major symptoms of all of these
diseases, namely impaired fiber integrity and contractility. In fact, PGC-1α not only rectifies the
energy crisis that is observed in many muscle pathologies, but also stabilizes intramyocellular
calcium handling, improves vascularization, elevates detoxification of reactive oxygen species,
reduces tissue inflammation, inhibits protein degradation and affects neuromuscular junction
plasticity. Strikingly, muscle PGC-1α affects both post- as well as pre-synaptic properties by
activating a hitherto unknown retrograde signal from the muscle fiber to the motor neuron. As a
result, increased motor neuron branching, acetylcholine-containing synaptic vesicles and bigger
mitochondria are achieved in the motor neuron endplate [42]. In addition to the resulting
functional improvement, muscle PGC-1α also promotes a morphological stabilization by elevating
the length and number of synaptic folds per neuromuscular junction [42]. Thus, even though
many mechanistic aspects underlying the therapeutic effect of muscle PGC-1α remain enigmatic,
this coactivator constitutes an attractive target to improve a wide variety of muscle pathologies.

4.3. Therapeutic modulation of muscle fiber types and metabolism
General loss of muscle mass is the main problem in many muscle diseases, in particular those
that are characterized by a rapid, lethal muscle wasting process as observed in cancer cachexia,
amyotrophic lateral sclerosis or Duchenne muscular dystrophy [43]. Nevertheless, in many
pathologies, muscle fibers of different types are selectively affected and therefore, a more
targeted therapy might be more efficient in these cases [44, 45]. For example, a reduction in fasttwitch, glycolytic muscle fibers is predominantly involved in sarcopenia, the muscle wasting in
the aging process. Accordingly, elderly patients are progressively losing the ability to quickly react
to imbalances and thus are more prone to falls and as a consequence, to bone fractures.
Similarly, slow-type muscle fibers are also more refractory towards steroid myopathy, respiratory
muscle loss in chronic obstructive pulmonary disorder and heart failure, cancer and AIDS
cachexia, type 1 diabetes or sepsis. Inversely, loss of neuronal input or mechanical loading most
often results in a preferential loss of slow-type muscle fibers, e.g. in limb immobilization
(casting), spinal cord injury and paraplegia, bed rest or microgravity [44, 45].
In a number of pathologies, increased loading in the form of physical activity is an efficient
intervention for prevention and therapy, for example subsequent to limb immobilization, bed
rest or sarcopenia. However, in other muscle diseases, patients are not able to exercise or even
exhibit exercise intolerance, thus showing a detrimental effect of contractions on fiber integrity.
Besides anabolic steroids and growth factors, which both harbor the potential for many serious
side effects, therapeutic options for the treatment of muscle diseases are currently scarce to
non-existent. However, several pharmacological and biological modalities are currently in
development. Inhibition of myostatin signaling, which activates fast-twitch muscle fibers [46],
underwent several iterations with limited clinical success. Recently however, blockade of the
activin receptor type IIB emerged as a more promising strategy to reduce muscle wasting [47]:
several entities are currently in clinical trials for different indications [48]. Similarly, hypertrophy
of fast-twitch muscle fibers could potentially likewise be promoted through an activation of the
Akt/mTOR pathway. Experiments in transgenic animals with constitutively activated mTOR
however revealed a detrimental outcome on muscle health [49] and therefore, such therapies
would have to be carefully designed. Finally, a systematic comparison of the transcript
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expression signatures of human muscle atrophy in spinal cord injury and fasting revealed ursolic
acid as a compound that, in subsequent experiments, reduced denervation-induced muscle
atrophy in mice [50]. However, the mechanism underlying this effect currently is unclear;
likewise, proof of efficacy in humans is still lacking.
Several pharmacological entities have been proposed as endurance exercise mimetics: for
example, the polyphenol resveratrol increases oxidative metabolism and endurance capacity
when fed to mice [51] or rats [52]. Resveratrol was postulated to exert these effects through
activation of SIRT1 [53]; more recent reports however have shown a resveratrol-dependent
activation of AMPK [54] and/or cAMP-degrading phosphodiesterases [55]. Regardless of the
exact mechanism, resveratrol signaling through these three proteins ultimately converges on
PGC-1α [51, 53-55]. Similar to resveratrol, AICAR, an activator of AMPK, also promotes a high
endurance phenotype in mice [56]. Similar to SIRT1 that deacetylates PGC-1α [57], AMPK
phosphorylates and thereby activates this coactivator [58]. In contrast, a synthetic ligand for the
peroxisome proliferator-activated receptor β/δ (PPARβ/δ) by itself was not sufficient to increase
endurance capacity [56]. However, PPARβ/δ activation amplified the effect of endurance training
[56]. In transgenic mice with a muscle-specific overexpression PPARβ/δ fused to the VP16
activator domain, a boost in oxidative metabolism and endurance capacity was observed [59]
that is highly reminiscent of the effect of PGC-1α in the same context [34]. It therefore is
conceivable that PPARβ/δ might be an important binding partner for the coactivator PGC-1α in
the regulation of an oxidative muscle phenotype.
Despite impressive experimental evidence, the application and efficacy of these endurance
mimetics in human patients is questionable. For example, in most human trials conducted so far,
resveratrol had no or only a minor effect on several metabolic parameters [60]. Importantly,
resveratrol-dependent extension of life span was restricted to specific mouse lines indicating that
genetic factors could contribute to the efficacy of resveratrol [61]. AICAR-mediated activation of
AMPK might be limited by the poor bioavailability and short half-life of the compound and the
increase in serum lactate and uric acid. Moreover, AMPK in general stimulates catabolic
programs, inhibits protein synthesis and activates autophagy – these effects might obviously be
detrimental in a long-term therapy [62, 63]. Furthermore, it is still unclear whether PPARβ/δ
exerts pro-cancerogenic effects in certain tissues and contexts [62, 63]. Finally, the concept and
possibility of developing a true exercise mimetic that elicits all of the beneficial effects of bona
fide physical activity is highly controversial: based on known drugs, it is hard to imagine that a
pharmacological agent can exert a broad, multi-organ effect, regulate 1000 or more genes,
exhibit a low to non-existent LD50 and thus very large therapeutic window without any major
side effect at the same low costs as exercise [63]. Therefore, genetic engineering of muscle tissue
and/or muscle precursor cells used for stem cell therapy might provide a better option for many
muscle pathologies. For example, muscle-specific overexpression of PGC-1α [34], CaMK [64] or
CnA [65] all promote a complete fiber-type switch towards slow-twitch fibers, accompanied by
an increase in endurance capacity. Importantly, the effects of overexpression of these genes
transcend skeletal muscle, e.g. the transcriptional induction of vascular endothelial growth factor
(VEGF) expression to promote endothelial remodeling and vascularization by muscle PGC-1α
[66]. Likewise, muscle PGC-1α-dependent expression of the myokine Fndc5/irisin results in
browning of white adipose tissue [67] and neurogenesis in the hippocampus [68]. Thus, genetic
engineering of muscle by activators of fast- or slow-twitch fiber function as a therapeutic
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modality for muscle diseases should be aggressively explored under the consideration of
therapeutic windows, specificity and selectivity [69].

5. Biophysical stimulation of engineered muscle tissue
Engineering of functional skeletal muscle requires a broad understanding of muscle physiology,
and of repair and functional adaptation mechanisms in particular. The dynamic relationship
between progressive muscle work and hypertrophy or, conversely, immobility and atrophy is well
studied [70]. Physiological stresses acting on striated muscle can be mimicked by mechanical
stimulation (stretch) to adjust passive muscle loading and by electrical stimulation (pacing) to
trigger active muscle contraction. By applying these physical forces in vitro or by intensifying
them in vivo a specific gene and protein expressions pattern can be activated, leading to an
accelerated growth and development of the engineered muscle.
5.1. Mechanical stimulation
One possibility to mimic in vivo exercise in skeletal myofiber cultures is the application of
mechanical stimulation by stretch. Goldberg et al. proposed the development of tension (either
passive or active) as the critical event in initiating compensatory growth of skeletal muscle [71].
Their observations revealed, that passive stretching of the soleus or diaphragm delays protein
degradation and increases muscle mass, while chronical muscle unloading results in a decreased
muscle mass [72]. Vandenburgh demonstrated in vitro that intermittent stretch results in
increased protein synthesis as a basis for a hypertrophic response [73] and leads to an increase in
myotube diameter and creatine kinase activity [74]. Beyond that, constant tension applied to
embryonic skeletal muscles leads to differentiation of fibers in a tissue culture environment [73].
Eventually, satellite cell activation, which is a crucial step in muscle repair and regeneration, has
been observed in vitro two hours post-stretch [75]. These findings were early evidence for the
fact that the same biochemical processes accountable for muscle hypertrophy in vivo were also
applicable in vitro. During further experiments these principles were used in a computercontrolled bioreactor system to precondition engineered muscles built from MPCs seeded on
collagen-based scaffolds. After seven days of in vitro training the samples showed longitudinally
organized cells with first myofiber formation and superior myosin expression. Pre-conditioned
samples were then implanted to the latissimus dorsi muscle, where they demonstrated
significantly higher tetanic contractions [85].
5.1.1. Hypertrophy
Under normal physiological conditions, forces are applied to muscle fibers in a longitudinal
direction. Due to the longitudinal growth of the bones, uniaxial strain and stretch is also the
dominant force affecting maturing myoblasts and muscle fibers during embryogenesis. However,
the construction of computer controlled and programmable motors allows not only variation of
the loading-axis, but also of the stretching protocols, thereby allowing to study the effects of
different regimes on muscle physiology and hypertrophy response in vitro [76-78]. Diverse
modalities of mechanical stimulation have been studied for muscle tissue engineering, including
static stretch, ramp stretch (i.e. discrete start, continuous increase in stretch amplitude), and
cyclic stretch (i.e. intermittent stretching with a given shape, amplitude, frequency, and duration
of pauses) [79]. Most in vitro muscle stretching systems mimic physiological stimulation of
8

muscle fibers in vivo; therefore they exert cyclic and uniaxial forces to the engineered muscle.
The amplitude of stretch varies between 6.7-20%, with frequencies of 0.1-1 Hz [80]. The duration
of stimulation in the present studies ranges between 30 min and 10 days [80]. The studies
applying a regimen in this range could show an increase in myofiber length (2-4 fold)[81],
diameter (12-30%)[82, 83], protein expression (myosin heavy chain, 8 fold) [84] and contractility
(75 fold) [85] when compared to the static control. Machingal at el. treated volumetric muscle
loss injuries in mice with muscle precursor cell implantation. The animals receiving mechanically
preconditioned cells achieved a 44% higher muscle force two months post injury when compared
to animals receiving mechanically unstimulated muscle precursor cells [86]. Noteworthy are two
studies utilizing modified regimens (biaxial stretch [87], 2 and 4% ramp stretch [88]) showing
negative effects of stretch on striated muscle in vitro. However, considering the vast amount of
in vitro and in vivo data proving the strong link between muscle growth and exercise, one has to
conclude that the question is not whether to stimulate, but rather which is the optimal regimen
with regard to the desired tissue in regenerative medicine.
5.1.2. Phenotypic differentiation
As discussed earlier, a critical distinction can be made between fast twitch myofibres, which
mainly express Type II myosin heavy chain (MHC) isoforms and slow-twitch fibres, which express
Type I MHC isoforms. When engineering muscle tissue, the composition of the tissue is crucial in
order to match the physical needs for successful clinical application in regenerative medicine.
Remarkably, applications of different mechanical stimulation-regimens have been shown to
affect the phenotypic differentiation between the two muscle fiber types. Analogous to human
studies, where a shift from fast MHC isoforms to slower isoforms was observed in response to
(endurance) exercise [89], in vitro application of appropriate mechanical stimulation like stretch
has been shown to lead to an up-regulation of Type I and down-regulation of Type II fibres [90,
91]. This shift was more distinct with increased stretch. Engineering of skeletal muscle with a
high amount of Type I fibre for urinary sphincter replacement remains a major goal in urological
tissue engineering and makes this observation essential for future strategies.
5.1.3. Mechanotransduction and metabolic changes
Mechanical stimulation of skeletal muscle influences growth, morphology and differentiation
through intracellular pathways. The molecular mechanism of this action remains unclear.
However, several pathways have been proposed: mechanical forces can a) be transmitted to the
cells via the extracellular matrix (ECM), b) be generated within the cytoskeleton of individual cells
and c) be mediated by stretch-activated calcium channels [92]. Integrins show the ability to
communicate mechanical signals from the environment into the interior of the cell [93].
Activation of an intracellular signaling cascade is the response to mechanical stimulation and
includes PI-3K, mTOR, mitogen activated protein kinases (MAPK), calcium, glycogen synthase
kinase and AMP activated kinase [94]. There is an overlap of these pathways with metabolic
signaling (see chapter 4).
An additional consideration is the activation of satellite cells, which can also be stimulated
through mechanical stimulation. Two growth factors appear to be of great importance in this
process. One of them is a splice variant of the insulin like growth factor 1 (IGF-1); increased levels
of IGF-1 mRNA have been measured following stretch [95] or damage [96]. The other important
factor is the hepatocyte growth factor (HGF); increased levels of HGF could be observed in cell
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culture after stretch [75] and in serum after resistance training [97]. Moreover, stretch activation
could be abolished by adding anti-HGF antibody to stretched cultures [75].
5.2. Electrical Stimulation and Electromagnetic Fields
The characterization of developing, wounded, pathologic and normal tissue can be done
according to its electric properties including voltage, resistance, current, capacitance and
conductance [98, 99]. Measurements on normal tissues can give information on the orientation
of the cells, on fat and moisture content, tissue damage, tissue freshness—or time since death
[100]. Besides that, electric currents play a major role in the healing process in wounds and
amputations. An injury disrupting an epithelial layer immediately generates endogenous electric
fields (EFs), which play a dominant guidance role in directing cell migration in epithelial wound
healing [101]. Around skin and corneal wounds, electric current flow is orientated towards the
wound in order to attract cells into this area [101]. Therefore electric fields are not only useful
for characterization of engineered tissue in regenerative medicine, but utilization of electric
fields holds also promise as strategy for improvement and enhancement of constructed tissue.
In skeletal muscle, the important role of innervation is well understood and it is known to play a
major role in directing the process of terminal differentiation of skeletal muscle cells [102].
Denervation of mature skeletal muscle results in gradual loss of tissue mass (atrophy),
impairment of functional properties and satellite cell death [103] [104]. One strategy to mimic
physiological action of motoneurons in vitro is the use of electrical stimulation. The main
objectives, analogue to mechanical stimulation, are increased proliferation and survival rates,
desired differentiation and improved functionality. The advantages over other alternatives
mentioned so far are a relatively simple equipment design and minimal invasiveness. In respect
to safety requirements for regulatory standards the toxicity of chemicals and the immunogenicity
are negligible. The physiological range for the applied current is between nA and mA and for the
electrical potential difference between mV and V. Devices can be designed to apply direct
current (DC) or alternating current (AC) fields [99]. DC devices apply a continuous electric field to
cell chambers via direct contact of agar bridges, while AC systems deliver a bidirectional electric
field and are either capacitively coupled (CC, parallel electrode plates generating an electric field
in-between without direct contact to the cell culture) or directly coupled via electrodes placed
inside the cell chamber [99]. The heart of each AC set-up is a stimulator that permits control of
pulse width, pulse amplitude (voltage), pulse frequency, and duration of each pulse. An
alternative principle of electric field delivery for AC, which is mainly utilized in bone and cartilage
tissue engineering, is inductive coupling [105]. By delivering pulsed current to two coiled wires, a
pulsed electromagnetic field can be applied to the culture dish which is placed in-between [105].
With few modifications AC and CC devices can also be installed for in vivo treatment [106, 107].
5.2.1. Electric Field application and Cell/Tissue response
Differing tissue response has been observed depending on the type of stimulation (AC or DC) and
on the regimen applied. Basically, DC field stimulation influences cell orientation, migration and
morphology [99]. Typically, cells have a net negative charge and by applying a direct current they
are moved by electrophoresis. These physical properties can be used in tissue engineering to
guide cells to predefined positions, or to orient cells in particular directions (muscle fibres)[100].
However, proliferation, differentiation and function can be stimulated both by DC and AC fields.
Of particular note is the special susceptibility of skeletal muscle to electrical stimulation: unlike
all other tissue types, an external electrical current with the accurate frequency (0.5-5Hz), pulse
10

amplitude and duration can evoke an action potential in skeletal muscle cells releasing calcium
ions from the sarcoplasmatic reticulum and a subsequent contraction of myotubes [108]. A
skeletal muscle stimulating bioreactor with a corresponding stimulation protocols has been
described by Donnelly et al. [109].
By placing myoblasts in a cardiac milieu with cardiac-like electrical current pulses Pedrotty et al.
observed a significant increase in proliferation rates, without any effect on differentiation,
proposing the activation of the L-type calcium channel-dependent pathway [110]. Likewise
Serena et al. could demonstrate activation of satellite cells through electric stimulation and
subsequent NO release [111]. Regarding differentiation, Langelaat et al. not only confirmed an
accelerated sarcomere assembly and advanced maturation by electrical stimulation [112, 113],
they also found striking differences depending on the cell sources: primary muscle progenitor
cells (MPCs) were much more susceptible to the electrical stimulus and expressed higher levels of
mature myosin heavy chain (MHC) isoforms than C2C12 cell lines. The effect of electrical
stimulation was optimal when started on the second day of differentiation after myotube
formation for MPCs [112] and on the 4th day for C2C12 myoblasts [114], respectively. Due to
higher levels of MHC and higher numbers of sarcomeres after electrical stimulation Ito et al.
could observe a 4.5 fold increase in force compared to untreated myoblasts [114]. Analogue in
vivo results were presented by Distefano et al. by implanting muscle-derived stem cells into a
mouse model of Duchenne Muscular Dystrophy: animals treated with neuromuscular electric
stimulation for 4 weeks demonstrated a 2-fold increase in number of dystrophin-positive
myofibres and had a shortened recovery time as compared to untreated control animals with
transplanted muscles. Enhanced strength and increased vascularity were found independent of
muscle stem cell implantation in electrically stimulated animals [115].
In addition to a higher protein expression, there is evidence for a fast-to-slow change in
phenotype expression with high frequency burst [116] or chronic low frequency stimulation [117]
[118]. A slow-to-fast change can be achieved by removing the stimulation. Some data suggest
that electric stimulation also influences the extracellular environment; changes in collagen
composition were observed depending on the electric voltage and frequency applied [119]. This
variation might be caused by changes in expression of matrix metallopeptidases. However, the
consequence of this observation is not as clear as it is for the significant increase of vascular
endothelial growth factor (VEGF) mRNA levels in surrounding tissue after electrical stimulation
[120]. Although most studies observe primarily positive effects on skeletal muscle, electrical
stimulation can also alter cellular metabolism negatively, impair cell viability and even induce cell
death depending on frequency- and voltage set-up [121].
6. Conclusion
The ultimate goal in tissue engineering of skeletal muscle is to engineer contractile tissue of the
desired fiber type, thereby augmenting the damaged muscle in function. Metabolic optimization
and mechanical or electrical stimulation offer many new avenues to optimize the engineering of
functional skeletal muscle tissue. Through targeted interventions into key pathways, muscle cells
can be altered to influence the maturation process, the production of muscle specific proteins
and muscle fiber type choice. Indirectly, these actions also influence the environment by
supporting innervation and vascularization in proximity of the engineered construct.
However, naturally occurring muscle regeneration is a complex, orchestrated process respecting
chronological order and dose dependency. The current research is still fare away from mimicking
11

this natural biological function. Therefore, more research on individual factors is warranted to
later choose a limited number of the most valuable pathways for future application.

References:
[1]
Reynolds WS, Dmochowski RR, Penson DF. Epidemiology of stress urinary incontinence in
women. Curr Urol Rep. 2011 Oct: 12:370-6
[2]
Luber KM. The definition, prevalence, and risk factors for stress urinary incontinence. Rev
Urol. 2004: 6 Suppl 3:S3-9
[3]
Holroyd-Leduc JM, Straus SE. Management of urinary incontinence in women: scientific
review. JAMA. 2004 Feb 25: 291:986-95
[4]
Deng DY, Rutman M, Raz S, Rodriguez LV. Presentation and management of major
complications of midurethral slings: Are complications under-reported? Neurourol Urodyn. 2007:
26:46-52
[5]
Bierinx AS, Sebille A. The fate of implanted syngenic muscle precursor cells in injured striated
urethral sphincter of female rats. Cell Transplant. 2008: 17:1193-8
[6]
Eberli D, Soker S, Atala A, Yoo JJ. Optimization of human skeletal muscle precursor cell
culture and myofiber formation in vitro. Methods. 2009 Feb: 47:98-103
[7]
Yiou R, Lefaucheur JP, Atala A. The regeneration process of the striated urethral sphincter
involves activation of intrinsic satellite cells. Anat Embryol (Berl). 2003 May: 206:429-35
[8]
Yiou R, Yoo JJ, Atala A. Restoration of functional motor units in a rat model of sphincter injury
by muscle precursor cell autografts. Transplantation. 2003 Oct 15: 76:1053-60
[9]
Carr LK, Steele D, Steele S, et al. 1-year follow-up of autologous muscle-derived stem cell
injection pilot study to treat stress urinary incontinence. Int Urogynecol J Pelvic Floor Dysfunct. 2008
Jun: 19:881-3
[10]
de la Garza-Rodea AS, van der Velde I, Boersma H, et al. Long-term contribution of human
bone marrow mesenchymal stromal cells to skeletal muscle regeneration in mice. Cell Transplant.
2011: 20:217-31
[11]
Folgiero V, Migliano E, Tedesco M, et al. Purification and characterization of adipose-derived
stem cells from patients with lipoaspirate transplant. Cell Transplant. 2010: 19:1225-35
[12]
Fu Q, Song XF, Liao GL, Deng CL, Cui L. Myoblasts differentiated from adipose-derived stem
cells to treat stress urinary incontinence. Urology. 2010 Mar: 75:718-23
[13]
Gussoni E, Soneoka Y, Strickland CD, et al. Dystrophin expression in the mdx mouse restored
by stem cell transplantation. Nature. 1999 Sep 23: 401:390-4
[14]
Leobon B, Garcin I, Menasche P, Vilquin JT, Audinat E, Charpak S. Myoblasts transplanted into
rat infarcted myocardium are functionally isolated from their host. Proc Natl Acad Sci U S A. 2003 Jun
24: 100:7808-11
[15]
Seidel M, Borczynska A, Rozwadowska N, Kurpisz M. Cell-based therapy for heart failure:
skeletal myoblasts. Cell Transplant. 2009: 18:695-707
[16]
Mauro A. Satellite cell of skeletal muscle fibers. The Journal of biophysical and biochemical
cytology. 1961 Feb: 9:493-5
[17]
Reznik M. Thymidine-3H uptake by satellite cells of regenerating skeletal muscle. J Cell Biol.
1969 Feb: 40:568-71
[18]
Snow MH. Myogenic cell formation in regenerating rat skeletal muscle injured by mincing. II.
An autoradiographic study. Anat Rec. 1977 Jun: 188:201-17
[19]
Konigsberg IR. Clonal analysis of myogenesis. Science. 1963 Jun 21: 140:1273-84
[20]
Collins CA, Olsen I, Zammit PS, et al. Stem cell function, self-renewal, and behavioral
heterogeneity of cells from the adult muscle satellite cell niche. Cell. 2005 Jul 29: 122:289-301
[21]
Bischoff R. A satellite cell mitogen from crushed adult muscle. Dev Biol. 1986 May: 115:140-7

12

[22]
Allen RE, Boxhorn LK. Regulation of skeletal muscle satellite cell proliferation and
differentiation by transforming growth factor-beta, insulin-like growth factor I, and fibroblast growth
factor. J Cell Physiol. 1989 Feb: 138:311-5
[23]
Yin H, Price F, Rudnicki MA. Satellite cells and the muscle stem cell niche. Physiol Rev. 2013
Jan: 93:23-67
[24]
Hoppeler H, Baum O, Lurman G, Mueller M. Molecular mechanisms of muscle plasticity with
exercise. Compr Physiol. 2011 Jul: 1:1383-412
[25]
Schiaffino S, Reggiani C. Fiber types in mammalian skeletal muscles. Physiol Rev. 2011 Oct:
91:1447-531
[26]
Olson EN, Williams RS. Remodeling muscles with calcineurin. BioEssays. 2000 Jun: 22:510-9
[27]
Schiaffino S, Dyar KA, Ciciliot S, Blaauw B, Sandri M. Mechanisms regulating skeletal muscle
growth and atrophy. FEBS J. 2013 Sep: 280:4294-314
[28]
Handschin C. Regulation of skeletal muscle cell plasticity by the peroxisome proliferatoractivated receptor gamma coactivator 1alpha. J Recept Signal Transduct Res. 2010 Dec: 30:376-84
[29]
Stefanyk LE, Dyck DJ. The interaction between adipokines, diet and exercise on muscle insulin
sensitivity. Curr Opin Clin Nutr Metab Care. 2010 May: 13:255-9
[30]
Arnold AS, Egger A, Handschin C. PGC-1alpha and myokines in the aging muscle - a minireview. Gerontology. 2011: 57:37-43
[31]
Perez-Schindler J, Summermatter S, Salatino S, et al. The corepressor NCoR1 antagonizes
PGC-1alpha and estrogen-related receptor alpha in the regulation of skeletal muscle function and
oxidative metabolism. Mol Cell Biol. 2012 Dec: 32:4913-24
[32]
Eisele PS, Salatino S, Sobek J, Hottiger MO, Handschin C. The peroxisome proliferatoractivated receptor gamma coactivator 1alpha/beta (PGC-1) coactivators repress the transcriptional
activity of NF-kappaB in skeletal muscle cells. J Biol Chem. 2013 Jan 25: 288:2246-60
[33]
Handschin C, Spiegelman BM. The role of exercise and PGC1alpha in inflammation and
chronic disease. Nature. 2008 Jul 24: 454:463-9
[34]
Lin J, Wu H, Tarr PT, et al. Transcriptional co-activator PGC-1 alpha drives the formation of
slow-twitch muscle fibres. Nature. 2002 Aug 15: 418:797-801
[35]
Handschin C, Chin S, Li P, et al. Skeletal muscle fiber-type switching, exercise intolerance, and
myopathy in PGC-1alpha muscle-specific knock-out animals. J Biol Chem. 2007 Oct 12: 282:30014-21
[36]
Handschin C, Choi CS, Chin S, et al. Abnormal glucose homeostasis in skeletal muscle-specific
PGC-1alpha knockout mice reveals skeletal muscle-pancreatic beta cell crosstalk. J Clin Investig. 2007
Nov: 117:3463-74
[37]
Handschin C, Kobayashi YM, Chin S, Seale P, Campbell KP, Spiegelman BM. PGC-1alpha
regulates the neuromuscular junction program and ameliorates Duchenne muscular dystrophy.
Genes Dev. 2007 Apr 1: 21:770-83
[38]
Sandri M, Lin J, Handschin C, et al. PGC-1alpha protects skeletal muscle from atrophy by
suppressing FoxO3 action and atrophy-specific gene transcription. Proc Natl Acad Sci U S A. 2006 Oct
31: 103:16260-5
[39]
Wenz T, Rossi SG, Rotundo RL, Spiegelman BM, Moraes CT. Increased muscle PGC-1alpha
expression protects from sarcopenia and metabolic disease during aging. Proc Natl Acad Sci U S A.
2009 Dec 1: 106:20405-10
[40]
Wenz T, Diaz F, Spiegelman BM, Moraes CT. Activation of the PPAR/PGC-1alpha pathway
prevents a bioenergetic deficit and effectively improves a mitochondrial myopathy phenotype. Cell
Metab. 2008 Sep: 8:249-56
[41]
Hanai J, Cao P, Tanksale P, et al. The muscle-specific ubiquitin ligase atrogin-1/MAFbx
mediates statin-induced muscle toxicity. J Clin Investig. 2007 Dec: 117:3940-51
[42]
Arnold AS, Gill J, Christe M, et al. Morphological and functional remodelling of the
neuromuscular junction by skeletal muscle PGC-1alpha. Nat Commun. 2014: 5:3569
[43]
Ruegg MA, Glass DJ. Molecular mechanisms and treatment options for muscle wasting
diseases. Annu Rev Pharmacol Toxicol. 2011: 51:373-95
[44]
Ciciliot S, Rossi AC, Dyar KA, Blaauw B, Schiaffino S. Muscle type and fiber type specificity in
muscle wasting. Int J Biochem Cell Biol. 2013 Oct: 45:2191-9
13

[45]
Wang Y, Pessin JE. Mechanisms for fiber-type specificity of skeletal muscle atrophy. Curr Opin
Clin Nutr Metab Care. 2013 May: 16:243-50
[46]
Rodino-Klapac LR, Haidet AM, Kota J, Handy C, Kaspar BK, Mendell JR. Inhibition of myostatin
with emphasis on follistatin as a therapy for muscle disease. Muscle Nerve. 2009 Mar: 39:283-96
[47]
Zhou X, Wang JL, Lu J, et al. Reversal of cancer cachexia and muscle wasting by ActRIIB
antagonism leads to prolonged survival. Cell. 2010 Aug 20: 142:531-43
[48]
Attie KM, Borgstein NG, Yang Y, et al. A single ascending-dose study of muscle regulator ACE031 in healthy volunteers. Muscle Nerve. 2013 Mar: 47:416-23
[49]
Castets P, Lin S, Rion N, et al. Sustained activation of mTORC1 in skeletal muscle inhibits
constitutive and starvation-induced autophagy and causes a severe, late-onset myopathy. Cell
Metab. 2013 May 7: 17:731-44
[50]
Kunkel SD, Suneja M, Ebert SM, et al. mRNA expression signatures of human skeletal muscle
atrophy identify a natural compound that increases muscle mass. Cell Metab. 2011 Jun 8: 13:627-38
[51]
Lagouge M, Argmann C, Gerhart-Hines Z, et al. Resveratrol improves mitochondrial function
and protects against metabolic disease by activating SIRT1 and PGC-1alpha. Cell. 2006 Dec 15:
127:1109-22
[52]
Momken I, Stevens L, Bergouignan A, et al. Resveratrol prevents the wasting disorders of
mechanical unloading by acting as a physical exercise mimetic in the rat. FASEB J. 2011 Oct: 25:364660
[53]
Price NL, Gomes AP, Ling AJ, et al. SIRT1 is required for AMPK activation and the beneficial
effects of resveratrol on mitochondrial function. Cell Metab. 2012 May 2: 15:675-90
[54]
Um JH, Park SJ, Kang H, et al. AMP-activated protein kinase-deficient mice are resistant to the
metabolic effects of resveratrol. Diabetes. 2010 Mar: 59:554-63
[55]
Park SJ, Ahmad F, Philp A, et al. Resveratrol ameliorates aging-related metabolic phenotypes
by inhibiting cAMP phosphodiesterases. Cell. 2012 Feb 3: 148:421-33
[56]
Narkar VA, Downes M, Yu RT, et al. AMPK and PPARdelta agonists are exercise mimetics. Cell.
2008 Aug 8: 134:405-15
[57]
Gerhart-Hines Z, Rodgers JT, Bare O, et al. Metabolic control of muscle mitochondrial
function and fatty acid oxidation through SIRT1/PGC-1alpha. EMBO J. 2007 Apr 4: 26:1913-23
[58]
Jager S, Handschin C, St-Pierre J, Spiegelman BM. AMP-activated protein kinase (AMPK)
action in skeletal muscle via direct phosphorylation of PGC-1alpha. Proc Natl Acad Sci U S A. 2007 Jul
17: 104:12017-22
[59]
Wang YX, Zhang CL, Yu RT, et al. Regulation of muscle fiber type and running endurance by
PPARdelta. PLoS Biol. 2004 Oct: 2:e294
[60]
Poulsen MM, Jorgensen JO, Jessen N, Richelsen B, Pedersen SB. Resveratrol in metabolic
health: an overview of the current evidence and perspectives. Ann N Y Acad Sci. 2013 Jul: 1290:74-82
[61]
Miller RA, Harrison DE, Astle CM, et al. Rapamycin, but not resveratrol or simvastatin,
extends life span of genetically heterogeneous mice. J Gerontol A Biol Sci Med Sci. 2011 Feb: 66:191201
[62]
Hawley JA, Holloszy JO. Exercise: it's the real thing! Nutr Rev. 2009 Mar: 67:172-8
[63]
Booth FW, Laye MJ. Lack of adequate appreciation of physical exercise's complexities can
pre-empt appropriate design and interpretation in scientific discovery. J Physiol. 2009 Dec 1:
587:5527-39
[64]
Wu H, Kanatous SB, Thurmond FA, et al. Regulation of mitochondrial biogenesis in skeletal
muscle by CaMK. Science. 2002 Apr 12: 296:349-52
[65]
Naya FJ, Mercer B, Shelton J, Richardson JA, Williams RS, Olson EN. Stimulation of slow
skeletal muscle fiber gene expression by calcineurin in vivo. J Biol Chem. 2000 Feb 18: 275:4545-8
[66]
Arany Z, Foo SY, Ma Y, et al. HIF-independent regulation of VEGF and angiogenesis by the
transcriptional coactivator PGC-1alpha. Nature. 2008 Feb 21: 451:1008-12
[67]
Bostrom P, Wu J, Jedrychowski MP, et al. A PGC1-alpha-dependent myokine that drives
brown-fat-like development of white fat and thermogenesis. Nature. 2012 Jan 26: 481:463-8
[68]
Wrann CD, White JP, Salogiannnis J, et al. Exercise induces hippocampal BDNF through a PGC1alpha/FNDC5 pathway. Cell Metab. 2013 Nov 5: 18:649-59
14

[69]
Handschin C. The biology of PGC-1alpha and its therapeutic potential. Trends Pharmacol Sci.
2009 Jun: 30:322-9
[70]
Soltow QA, Zeanah EH, Lira VA, Criswell DS. Cessation of cyclic stretch induces atrophy of
C2C12 myotubes. Biochem Biophys Res Commun. 2013 May 3: 434:316-21
[71]
Hornberger TA, Esser KA. Mechanotransduction and the regulation of protein synthesis in
skeletal muscle. Proc Nutr Soc. 2004 May: 63:331-5
[72]
Goldberg AL, Etlinger JD, Goldspink DF, Jablecki C. Mechanism of work-induced hypertrophy
of skeletal muscle. Med Sci Sports. 1975 Fall: 7:185-98
[73]
Vandenburgh HH. Motion into mass: how does tension stimulate muscle growth? Med Sci
Sports Exerc. 1987 Oct: 19:S142-9
[74]
Vandenburgh HH, Hatfaludy S, Karlisch P, Shansky J. Skeletal muscle growth is stimulated by
intermittent stretch-relaxation in tissue culture. Am J Physiol. 1989 Mar: 256:C674-82
[75]
Tatsumi R, Sheehan SM, Iwasaki H, Hattori A, Allen RE. Mechanical stretch induces activation
of skeletal muscle satellite cells in vitro. Exp Cell Res. 2001 Jul 1: 267:107-14
[76]
Vandenburgh HH. A computerized mechanical cell stimulator for tissue culture: effects on
skeletal muscle organogenesis. In Vitro Cell Dev Biol. 1988 Jul: 24:609-19
[77]
Iwata M, Hayakawa K, Murakami T, et al. Uniaxial cyclic stretch-stimulated glucose transport
is mediated by a ca-dependent mechanism in cultured skeletal muscle cells. Pathobiology. 2007:
74:159-68
[78]
Hubatsch DA, Jasmin BJ. Mechanical stimulation increases expression of acetylcholinesterase
in cultured myotubes. Am J Physiol. 1997 Dec: 273:C2002-9
[79]
Rangarajan S, Madden L, Bursac N. Use of Flow, Electrical, and Mechanical Stimulation to
Promote Engineering of Striated Muscles. Ann Biomed Eng. 2013 Dec 24:
[80]
Passey S, Martin N, Player D, Lewis MP. Stretching skeletal muscle in vitro: does it replicate in
vivo physiology? Biotechnol Lett. 2011 Aug: 33:1513-21
[81]
Vandenburgh HH, Karlisch P. Longitudinal growth of skeletal myotubes in vitro in a new
horizontal mechanical cell stimulator. In Vitro Cell Dev Biol. 1989 Jul: 25:607-16
[82]
Powell CA, Smiley BL, Mills J, Vandenburgh HH. Mechanical stimulation improves tissueengineered human skeletal muscle. Am J Physiol Cell Physiol. 2002 Nov: 283:C1557-65
[83]
Sasai N, Agata N, Inoue-Miyazu M, et al. Involvement of PI3K/Akt/TOR pathway in stretchinduced hypertrophy of myotubes. Muscle Nerve. 2010 Jan: 41:100-6
[84]
Candiani G, Riboldi SA, Sadr N, et al. Cyclic mechanical stimulation favors myosin heavy chain
accumulation in engineered skeletal muscle constructs. J Appl Biomater Biomech. 2010 May-Aug:
8:68-75
[85]
Moon du G, Christ G, Stitzel JD, Atala A, Yoo JJ. Cyclic mechanical preconditioning improves
engineered muscle contraction. Tissue Eng Part A. 2008 Apr: 14:473-82
[86]
Machingal MA, Corona BT, Walters TJ, et al. A tissue-engineered muscle repair construct for
functional restoration of an irrecoverable muscle injury in a murine model. Tissue Eng Part A. 2011
Sep: 17:2291-303
[87]
Kumar A, Murphy R, Robinson P, Wei L, Boriek AM. Cyclic mechanical strain inhibits skeletal
myogenesis through activation of focal adhesion kinase, Rac-1 GTPase, and NF-kappaB transcription
factor. FASEB J. 2004 Oct: 18:1524-35
[88]
Boonen KJ, Langelaan ML, Polak RB, van der Schaft DW, Baaijens FP, Post MJ. Effects of a
combined mechanical stimulation protocol: Value for skeletal muscle tissue engineering. J Biomech.
2010 May 28: 43:1514-21
[89]
Goldspink G, Scutt A, Loughna PT, Wells DJ, Jaenicke T, Gerlach GF. Gene expression in
skeletal muscle in response to stretch and force generation. Am J Physiol. 1992 Mar: 262:R356-63
[90]
Sakiyama K, Abe S, Tamatsu Y, Ide Y. Effects of stretching stress on the muscle contraction
proteins of skeletal muscle myoblasts. Biomedical research. 2005 Apr: 26:61-8
[91]
Kurokawa K, Abe S, Sakiyama K, Takeda T, Ide Y, Ishigami K. Effects of stretching stimulation
with different rates on the expression of MyHC mRNA in mouse cultured myoblasts. Biomedical
research. 2007 Feb: 28:25-31
15

[92]
Ingber DE. Tensegrity: the architectural basis of cellular mechanotransduction. Annu Rev
Physiol. 1997: 59:575-99
[93]
Calderwood DA. Integrin activation. J Cell Sci. 2004 Feb 15: 117:657-66
[94]
Burkholder TJ. Mechanotransduction in skeletal muscle. Front Biosci. 2007: 12:174-91
[95]
Cheema U, Yang SY, Mudera V, Goldspink GG, Brown RA. 3-D in vitro model of early skeletal
muscle development. Cell Motil Cytoskeleton. 2003 Mar: 54:226-36
[96]
McKay BR, O'Reilly CE, Phillips SM, Tarnopolsky MA, Parise G. Co-expression of IGF-1 family
members with myogenic regulatory factors following acute damaging muscle-lengthening
contractions in humans. J Physiol. 2008 Nov 15: 586:5549-60
[97]
Shelmadine B, Cooke M, Buford T, et al. Effects of 28 days of resistance exercise and
consuming a commercially available pre-workout supplement, NO-Shotgun(R), on body composition,
muscle strength and mass, markers of satellite cell activation, and clinical safety markers in males. J
Int Soc Sports Nutr. 2009: 6:16
[98]
Polk C, Postow E. Handbook of biological effects of electromagnetic fields. 2nd edn, Boca
Raton: CRC Press, 1996
[99]
Hronik-Tupaj M, Kaplan DL. A review of the responses of two- and three-dimensional
engineered tissues to electric fields. Tissue engineering Part B, Reviews. 2012 Jun: 18:167-80
[100] Markx GH. The use of electric fields in tissue engineering: A review. Organogenesis. 2008 Jan:
4:11-7
[101] Zhao M. Electrical fields in wound healing-An overriding signal that directs cell migration.
Semin Cell Dev Biol. 2009 Aug: 20:674-82
[102] Vrbov G, Gordon T, Jones R. Nerve-muscle interaction, London
New York: Chapman and Hall ;
Wiley : Distributed in the U.S.A. by Halsted Press, 1978
[103] Borisov AB, Carlson BM. Cell death in denervated skeletal muscle is distinct from classical
apoptosis. Anat Rec. 2000 Mar 1: 258:305-18
[104] Jejurikar SS, Marcelo CL, Kuzon WM, Jr. Skeletal muscle denervation increases satellite cell
susceptibility to apoptosis. Plast Reconstr Surg. 2002 Jul: 110:160-8
[105] Wei Y, Xiaolin H, Tao S. Effects of extremely low-frequency-pulsed electromagnetic field on
different-derived osteoblast-like cells. Electromagn Biol Med. 2008: 27:298-311
[106] Taylor JL. Magnetic muscle stimulation produces fatigue without effort. J Appl Physiol (1985).
2007 Sep: 103:733-4
[107] Haastert-Talini K, Grothe C. Electrical stimulation for promoting peripheral nerve
regeneration. Int Rev Neurobiol. 2013: 109:111-24
[108] Yamasaki K, Hayashi H, Nishiyama K, et al. Control of myotube contraction using electrical
pulse stimulation for bio-actuator. Journal of artificial organs : the official journal of the Japanese
Society for Artificial Organs. 2009: 12:131-7
[109] Donnelly K, Khodabukus A, Philp A, Deldicque L, Dennis RG, Baar K. A novel bioreactor for
stimulating skeletal muscle in vitro. Tissue engineering Part C, Methods. 2010 Aug: 16:711-8
[110] Pedrotty DM, Koh J, Davis BH, Taylor DA, Wolf P, Niklason LE. Engineering skeletal myoblasts:
roles of three-dimensional culture and electrical stimulation. Am J Physiol Heart Circ Physiol. 2005
Apr: 288:H1620-6
[111] Serena E, Flaibani M, Carnio S, et al. Electrophysiologic stimulation improves myogenic
potential of muscle precursor cells grown in a 3D collagen scaffold. Neurol Res. 2008 Mar: 30:207-14
[112] Langelaan ML, Boonen KJ, Rosaria-Chak KY, van der Schaft DW, Post MJ, Baaijens FP.
Advanced maturation by electrical stimulation: Differences in response between C2C12 and primary
muscle progenitor cells. J Tissue Eng Regen Med. 2011 Jul: 5:529-39
[113] Fujita H, Nedachi T, Kanzaki M. Accelerated de novo sarcomere assembly by electric pulse
stimulation in C2C12 myotubes. Exp Cell Res. 2007 May 15: 313:1853-65
[114] Ito A, Yamamoto Y, Sato M, et al. Induction of functional tissue-engineered skeletal muscle
constructs by defined electrical stimulation. Scientific reports. 2014: 4:4781
16

[115] Distefano G, Ferrari RJ, Weiss C, et al. Neuromuscular electrical stimulation as a method to
maximize the beneficial effects of muscle stem cells transplanted into dystrophic skeletal muscle.
PLoS ONE. 2013: 8:e54922
[116] Naumann K, Pette D. Effects of chronic stimulation with different impulse patterns on the
expression of myosin isoforms in rat myotube cultures. Differentiation. 1994 Feb: 55:203-11
[117] Huang YC, Dennis RG, Baar K. Cultured slow vs. fast skeletal muscle cells differ in physiology
and responsiveness to stimulation. Am J Physiol Cell Physiol. 2006 Jul: 291:C11-7
[118] Pette D, Vrbova G. What does chronic electrical stimulation teach us about muscle plasticity?
Muscle Nerve. 1999 Jun: 22:666-77
[119] Park H, Bhalla R, Saigal R, et al. Effects of electrical stimulation in C2C12 muscle constructs. J
Tissue Eng Regen Med. 2008 Jul: 2:279-87
[120] Brutsaert TD, Gavin TP, Fu Z, et al. Regional differences in expression of VEGF mRNA in rat
gastrocnemius following 1 hr exercise or electrical stimulation. BMC Physiol. 2002 Jun 19: 2:8
[121] Thelen MH, Simonides WS, van Hardeveld C. Electrical stimulation of C2C12 myotubes
induces contractions and represses thyroid-hormone-dependent transcription of the fast-type
sarcoplasmic-reticulum Ca2+-ATPase gene. Biochem J. 1997 Feb 1: 321 ( Pt 3):845-8

17

